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Many aspects of cytoskeletal assembly and dynamics can
be recapitulated in vitro; yet, how the cytoskeleton integrates signals in vivo across cellular membranes is far less
understood. Recent work has demonstrated that the membrane alone, or through membrane-associated proteins,
can effect dynamic changes to the cytoskeleton, thereby
impacting cell physiology. Having identified mechanistic
links between membranes and the actin, microtubule, and
septin cytoskeletons, these studies highlight the membrane’s
central role in coordinating these cytoskeletal systems to
carry out essential processes, such as endocytosis, spindle
positioning, and cellular compartmentalization.

The cytoskeleton underlies many aspects of cell physiology,
including mitosis, cell division, volume control, cell stiffness,
cell polarity, and extracellular matrix patterning. These events
in turn impact development and tissue differentiation. The cytoskeleton receives, integrates, and transmits both intracellular
and extracellular signaling cues. Most of these cues have to signal
through a lipid bilayer before reaching the cytoskeleton. Thus,
membrane–cytoskeleton interactions are central to deciphering
how cytoskeletal remodeling is integrated throughout cells and
tissues. Although signaling occurs across both the plasma and
intracellular membranes, in this review we focus on the interplay between the cytoskeleton and the plasma membrane, which
is predominantly composed of phospholipids (for a detailed
review of plasma membrane lipid composition and localization,
see Suetsugu et al., 2014).
Common to eukaryotic cytoskeletal networks is the fact
that they are formed from proteins with the inherent ability to
self-assemble into long polymers. These polymers exist in a dynamic equilibrium with a monomeric pool, resulting in constant
turnover in the cell. The ensemble of regulatory proteins, which
regulates these dynamics, acts as the interface between cellular
signaling and cytoskeletal remodeling. Not surprisingly then,
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many regulators of the cytoskeleton interact with membranes.
However, it is still mostly unclear how these interactions work to
regulate cytoskeletal dynamics and pattern specific subcellular
networks in vivo. The cytoskeletal networks composed of actin,
microtubules, and septins integrate various signals received at
the membrane, and facilitate distinct functions in response. Actin
has long been known to be intimately associated with membranes, and two major forms of actin regulation have been linked
to the plasma membrane: (1) modulation of the actin monomer
pool by phosphoinositides; and (2) modulation of actin assembly
factors by membrane-associated small GTPases, by membraneassociated proteins, and by direct binding of assembly factors to
the membrane. Also at the membrane, the actin-rich cortex interfaces with the microtubule cytoskeleton to coordinate intracellular events. Recent work has revealed mechanistic insights
into this coordination with respect to spindle orientation, a critical event in development. To organize intracellular events,
the membrane is compartmentalized, and this appears to be partially mediated by septins. We discuss recent studies that are
beginning to mechanistically probe these membrane-associated
cytoskeletal networks.
Membrane regulation of actin dynamics

Cells simultaneously assemble, maintain, and disassemble different F-actin networks within a common cytoplasm; each are
tailored to facilitate a particular fundamental process such as
motility, polarization, division, or endocytosis (Chhabra and
Higgs, 2007; Blanchoin et al., 2014). F-actin networks with
specified organization and dynamics are produced through the
coordinated action of different overlapping sets of diverse actinbinding proteins with an array of complementary properties that
include actin monomer (G-actin) binding, assembly, end capping, bundling, and severing/disassembling (Blanchoin et al.,
2014). F-actin network assembly, organization, and dynamics
are therefore controlled by the spatial and temporal regulation of the activity of actin-binding proteins. The association
of these actin-binding proteins with the membrane is multifaceted. In some cases, actin-binding proteins are modulated
by binding directly to phosphoinositide lipids. In other cases,
membrane-associated proteins modify the activity of actin-binding
© 2015 Bezanilla et al. This article is distributed under the terms of an Attribution–
Noncommercial–Share Alike–No Mirror Sites license for the first six months after the publication date (see http://www.rupress.org/terms). After six months it is available under a
Creative Commons License (Attribution–Noncommercial–Share Alike 3.0 Unported license,
as described at http://creativecommons.org/licenses/by-nc-sa/3.0/).
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Figure 1. Regulation of actin assembly by membrane lipids. (A) Membrane phosphoinositides such as PI(4,5)P2 and PI(3,4,5)P3 might control the spatial and
temporal assembly of diverse actin filament networks by regulating profilin activity. Profilin bound to PI(4,5)P2 cannot associate with actin, which potentially
could establish a pool of free actin monomers that might favor the nucleation of branched actin filaments by the Arp2/3 complex, which is activated by binding to the WASP V-CA domain (left). Alternatively, phosphorylated phospholipase C (PLC) releases profilin by hydrolyzing PI(4,5)P2, which could facilitate a
pool of actin bound to profilin that might favor the elongation of unbranched actin filaments by formin (right) or Ena/VASP (not depicted). (B) Small activated
GTPases of the Rho superfamily insert into the membrane via a covalent lipid modification. These GTPases recruit and activate a nucleation-promoting factor
such as WASP/WAVE that further modulates Arp2/3 complex activity. F-BAR proteins interact with WASP and either activate or inhibit actin polymerization
activity. These activities lead to diverse functions, as indicated in the text boxes. (C) Small activated GTPases of the Rho superfamily directly bind to and recruit
formins to the membrane, where they activate actin polymerization. F-BAR proteins can further modulate actin dynamics by either activating or inhibiting formin
activity at the membrane to drive processes such as membrane protrusion and cytokinesis. In eukaryotes, such as plants, that lack formins with obvious Rhobinding domains, many formins bind directly to the membrane via an N-terminal PTEN domain (dark blue) that binds to PI(3,5)P2, driving polarized growth,
or via an N-terminal transmembrane domain (red). Question marks designate hypothetical membrane-associated proteins that negatively or positively regulate
formin-mediated actin polymerization.

proteins. Subsets of actin-binding proteins are even integral
membrane proteins.
Phosphoinositide lipids associate with diverse types of
actin-binding proteins, and either inhibit or stimulate their activity (for review see Saarikangas et al., 2010). The actin nucleation promotion factors, WAVE and WASP, facilitate actin
polymerization via the Arp2/3 complex upon binding PI(4,5)P2.
In contrast, actin-capping protein, the F-actin–severing protein
ADF/Cofilin, and the G-actin–binding protein profilin are
all inhibited by binding PI(4,5)P2 (Saarikangas et al., 2010).
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Regulation of actin-binding proteins by association with and/or
release from phosphoinositide lipids is an exciting possibility
that could help explain the self-organization of diverse F-actin
networks. However, the importance of phosphoinositide lipid
regulation of most actin binding proteins has not been validated
in vivo.
Membrane regulation of profilin

Cells maintain a reserve of up to hundreds of micromolar of
unassembled G-actin monomers, which is available for rapid

polymerization upon activation of assembly factors and/or production of free actin filament ends (Pollard et al., 2000). Despite
the effective critical concentration for actin assembly being
only 0.1 µM, a higher concentration of unassembled actin is
maintained in part by G-actin–binding proteins that prevent
its de novo assembly. Profilin is the primary evolutionarily conserved small G-actin–binding protein (Carlsson et al., 1977),
which prevents actin filament assembly by inhibiting the formation of actin dimer and/or trimer nuclei (Jockusch et al., 2007).
Actin monomers bound by profilin can only be added to actin
filaments that are assembled by actin assembly factors such as
Arp2/3 complex, formin, and Ena/VASP (Dominguez, 2009).
Profilin-bound actin was assumed to be equally incorporated
into F-actin networks assembled by different nucleation factors.
However, by simultaneously binding to G-actin and continuous stretches of proline residues that are found on specific actin
assembly factors such as formin and Ena/VASP (Ferron et al.,
2007), profilin significantly increases the elongation rate of
formin-assembled filaments (Romero et al., 2004; Kovar et al.,
2006). Conversely, profilin inhibits Arp2/3 complex–nucleated
branch formation by competing with the nucleation-promoting
factor WASP for G-actin (Suarez et al., 2015). As a result, profilin facilitates formin- and Ena/VASP-mediated actin assembly over assembly by the Arp2/3 complex (Rotty et al., 2015;
Suarez et al., 2015). It is therefore likely that the spatial and
temporal regulation of profilin helps govern the type of F-actin
network assembled, as profilin activity determines whether
G-actin is incorporated into networks generated by one actin
assembly factor over another (Fig. 1 A).
Diverse profilins also bind to membrane phosphoinositides such as PI(3,4,5)P3 and PI(4,5)P2, which inhibits profilin’s
interactions with G-actin and proline-rich stretches (Lassing
and Lindberg, 1985, 1988; Lu et al., 1996; Lambrechts et al.,
2002; Moens and Bagatolli, 2007). Multiple hydrophobic regions of profilin, including the actin- and proline-rich–binding
regions, have been implicated in binding to phosphoinositides
(Jockusch et al., 2007). Association of profilin with membrane
phosphoinositides has been proposed to regulate the temporal
and spatial levels of profilin-actin by two possible mechanisms
(Fig. 1 A). One possibility is that external signal-mediated phosphorylation of phospholipase C hydrolyzes PI(4,5)P2, releasing
membrane-bound profilin to presumably facilitate actin assembly
by formin and Ena/VASP (Goldschmidt-Clermont et al., 1991).
Second, sequestration of profilin to membrane regions with
high concentrations of PI(4,5)P2 could increase the level of free
G-actin, unbound to profilin, that might preferentially incorporate
into branched actin filament networks generated by the Arp2/3
complex. Despite the proposal of these general hypotheses nearly
25 years ago (Goldschmidt-Clermont et al., 1991), there is unfortunately little in vivo evidence that phosphoinositide regulation
of profilin occurs (Saarikangas et al., 2010). However, most higher
eukaryotes express multiple profilin isoforms that associate
with the particular ligands with significantly different affinities,
such as actin- or proline-rich ligands like formin, which could
tailor them for different cellular roles (Jockusch et al., 2007).
Therefore, regulation by phosphoinositides would theoretically
be a convenient way for individual profilin isoforms to facilitate

self-organization of diverse actin filament networks by favoring
particular actin assembly factors at discrete cellular locations
(Neidt et al., 2009; Mouneimne et al., 2012; Ding and Roy, 2013).
Further work is required to explore this exciting possibility.
Membrane regulation of actin assembly factors

Mechanistic insights for the role of the membrane are emerging
in the case of the regulation of actin assembly factors. The most
well-documented example of this is modulation of actin poly
merization by small GTPases of the Rho superfamily. Most actin
assembly factors are inherently inactive, but can be activated at
the right time and place by small GTPase signaling cascades
(Chesarone and Goode, 2009; Campellone and Welch, 2010).
When activated, these small GTPases dock on the membrane
due to exposure of a covalent lipid modification that intercalates
into the membrane. Many actin assembly factors have GTPasebinding domains; binding to the active GTPase induces a conformational change, usually relieving an auto-inhibited state (Fig. 1,
B and C). In the case of Arp2/3 complex, the SCAR/WAVE complex interacts with active GTPases and in turn activates the Arp2/3
complex, which generates filaments. Recently, new insights have
emerged with respect to control of actin assembly at specific
membrane sites. The WAVE complex was found to interact with
a sequence motif found on a large number of diverse membrane
proteins, ranging from channels to cell adhesion molecules. Binding occurs on a conserved face of the WAVE complex, which
when mutated in flies leads to defects in the organization of the
actin cytoskeleton (Chen et al., 2014). Future work is needed to
sort out the signaling networks connected to this diverse set of
membrane proteins and the specific physiological signals leading
to activation of Arp2/3 complex-mediated actin polymerization.
While the details of specific membrane recruitment are
still being sorted out, it is clear that small GTPases bind to and
activate the SCAR/WAVE complex, which in turn activates
the Arp2/3 complex. However, another actin assembly factor,
the formins, are not always fully activated by binding small
GTPases (Seth et al., 2006; Maiti et al., 2012). In fact, many
formins have other mechanisms to bind to the membrane (for
review see Cvrčková, 2013). For instance, in plants, formins
do not have obvious GTPase-binding domains, and in fact,
class I formins are integral membrane proteins themselves.
Thus, regulation of these molecules at the membrane is likely
mediated by interactions with proteins or specific lipids at the
membrane (Fig. 1 C). In support of this, moss class II formins
contain a PTEN domain that mediates binding to PI(3,5)P2 (van
Gisbergen et al., 2012). Recruitment to PI(3,5)P2-rich membrane domains and the ability to rapidly elongate actin filaments is essential for formin function during polarized growth
(Vidali et al., 2009; van Gisbergen et al., 2012). However, examination of formin molecules at the cell cortex demonstrated
that only a fraction of these molecules generate actin filaments
(van Gisbergen et al., 2012). Thus, additional molecules associated with PI(3,5)P2 at the membrane likely modulate the activity of this formin (Fig. 1 C).
Whether there is a common family of molecules in
eukaryotes that regulates membrane activity of actin assembly factors is unclear. However, a possible candidate class of
Cytoskeletal interactions at the membrane • Bezanilla et al.
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membrane-associated molecules is the Bin-Amphiphysin-Rvs
(BAR) domain–containing proteins (Aspenström, 2009; Suetsugu
et al., 2010; Cvrčková, 2013). The positively charged BAR
domains, which are found on many different proteins (Suetsugu
et al., 2010), form -helical coiled-coils that fold up into a crescent shape. These domains do not have high specificity for a
particular lipid, but rather through their structure can sense or
participate in membrane bending (Suetsugu et al., 2010, 2014).
In yeast and animals, a family of proteins with an extended
BAR domain, known as F-BAR proteins, are essential scaffolds upon which cytoskeletal proteins can assemble in order to
generate specific subcellular structures and functions (RobertsGalbraith and Gould, 2010). During endocytosis, nucleationpromoting factors for the Arp2/3 complex are recruited to the
membrane by interacting with F-BAR proteins. F-BAR proteins
not only recruit nucleation-promoting factors, but also modify
their activity (Kamioka et al., 2004; Itoh et al., 2005; Tsujita
et al., 2006; Takano et al., 2008; Henne et al., 2010; RobertsGalbraith and Gould, 2010; Wu et al., 2010). In budding yeast,
two F-BAR proteins oppositely regulate Las17, a homologue of
the WASP actin nucleation–promoting factor (Fig. 1 B). Early
in endocytosis, Syp1 recruits WASP but maintains it in an in
active state (Rodal et al., 2003; Sun et al., 2006; Boettner et al.,
2009; Feliciano and Di Pietro, 2012). Upon vesicle maturation,
Bzz1 activates WASP activity (Sun et al., 2006), thereby inducing a burst of actin polymerization mediated by the ARP2/3
complex that promotes internalization of endocytic vesicles.
Further physiological support for this model has come from
studies in neurons (Dharmalingam et al., 2009) and animal cells
(Tsujita et al., 2006).
F-BAR proteins also recruit formins to membranes. In fission yeast, the F-BAR proteins Cdc15 and Imp2 help recruit the
essential cytokinesis formin Cdc12 to the division site (Chang
et al., 1997; Carnahan and Gould, 2003; Ren et al., 2015). Similarly, the budding yeast Cdc15 homologue Hof1p acts redundantly with Rvs167 (a BAR domain–containing protein also
containing a C-terminal SH3) to promote formation of the contractile actin ring (Nkosi et al., 2013). Although F-BAR proteins have clearly defined roles in recruiting formins, several
recent studies have revealed how F-BAR proteins directly modulate formin activity. In mammals, the F-BAR protein srGAP2
binds to and directly inhibits the actin-severing activity of the
formin FMNL1, which is mediated by its formin homology
(FH) 1 domain (Mason et al., 2011). During Drosophila melanogaster embryogenesis, the F-BAR protein Cip4 binds to the
formin Dia’s FH1 domain and inhibits the ability of Dia to promote actin assembly. Cip4 is a known activator of the WASP–
WAVE–Arp2/3 complex pathway. Thus, while Cip4 activates
Arp2/3 complex activity, it can simultaneously inhibit Dia activity (Yan et al., 2013). More recently, it was demonstrated in
budding yeast that the SH3 domain of the F-BAR protein Hof1p
dampens the actin nucleation activity of the formin Bnr1p without displacing Bnr1p from the actin filament end (Fig. 1 C;
Graziano et al., 2014). These studies suggest that F-BAR proteins may have a conserved role in regulating diverse sets of
actin nucleation factors at the membrane. Thus, understanding
how BAR domain–containing proteins interact with and regulate
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specific subsets of actin regulators may help to decipher the distinct F-actin domains at the cell cortex. Additionally, since
BAR domain–containing proteins are found widely throughout
eukaryotes (Ren et al., 2006), it is possible that these molecules
may have been an early link between membranes and actin
modulation that, with various elaborations, evolved differently
in distinct lineages.
Connecting actin and microtubules to the
membrane enables cortical force generation

The cell cortex in animal cells plays a fundamental role in cell
division, migration, and polarization (Kunda et al., 2008; Pollard
and Cooper, 2009; Stewart et al., 2011; Abu Shah and Keren,
2014). The cortex integrates external stimuli—from extracellular
matrix and neighboring cells—and transmits them into the cell
to effect cytoskeletal changes crucial for development. A key
component of the cortex is the thin F-actin shell underneath the
cell membrane that is crucial for providing cortical stiffness and
is a key determinant of cell shape (Pollard and Cooper, 2009;
Guo et al., 2013). Perturbations in cortical F-actin architecture
can alter the physical properties of the cortex, thereby affecting
cell stiffness and strength. A recent study demonstrates that the
bulk of the actin cortex is nucleated by the formin mDia1 and
Arp2/3 complex (Bovellan et al., 2014), which suggests that
fine-tuning of F-actin cortical structure and mechanics may be
mediated by adjusting the relative contribution of each actin assembly factor.
Several studies (for reviews see Basu and Chang, 2007;
Akhshi et al., 2014) show that changes in microtubule stability
also positively and negatively regulate cortical F-actin structures,
including formation of lamellipodia and stress fibers. Here we
focus on the converse: regulation of microtubule function by
the actin-rich cortex. An excellent example of this regulation is
how these two elements set the orientation of the mitotic spindle, which determines the plane of cell division, thereby impacting cell fate and tissue organization. It has been known for
quite some time that, during cell division, an intact cortical
F-actin meshwork and an intact astral microtubule array are
required for spindle orientation (O’Connell and Wang, 2000;
Théry et al., 2005; Toyoshima and Nishida, 2007; Fink et al.,
2011; Luxenburg et al., 2011; Castanon et al., 2013). However,
how the F-actin cortex is involved in this process, and how the
membrane supports the underlying cytoskeletal organization to
bring about spindle alignment toward a specialized cortical domain, remains unclear in many cellular systems.
The prevailing notion is that the F-actin network provides
a platform for a cortical anchor, or a complex of anchoring proteins, that could either mediate attachment (i.e., tethering) of
astral microtubules or recruit force generators such as motor
proteins that exert pulling forces on the microtubules emanating from the spindle. In this notion, the plus ends of astral microtubules would engage with these cortical platforms through
so-called +TIPs (plus tip tracking proteins), including adenomatous polyposis coli protein (APC), CLASP, CLIP170, LIS1,
dynactin, and dynein (Coquelle et al., 2002; Rogers et al.,
2002; Reilein and Nelson, 2005; Siller and Doe, 2008; RuizSaenz et al., 2013). Data to support this idea has been found in

several organisms, including Caenorhabditis elegans zygotes
(Couwenbergs et al., 2007; Nguyen-Ngoc et al., 2007), Drosophila neuroblasts (Siller et al., 2006), and cultured human cells
(Kiyomitsu and Cheeseman, 2012). These studies have identified an evolutionarily conserved ternary complex composed of
Gi, the  subunit of heterotrimeric G-protein; LGN, a leucineglycine-asparagine repeat protein; and NuMA, a nuclear mitotic apparatus protein; as the cortical anchoring complex that
recruits dynein as the force generator for spindle orientation.
NuMA interacts with LGN (Du and Macara, 2004; Bowman
et al., 2006; Siller et al., 2006), which in turn binds to the myristoylated Gi that is directly attached to the membrane. NuMA
can also bind the membrane directly through a C-terminal PIPbinding domain in a manner independent of LGN and Gi
(Zheng et al., 2014). Intriguingly, when the F-actin meshwork
was disrupted, NuMA and Gi dissociate from the cell cortex
(Luxenburg et al., 2011; Machicoane et al., 2014; Zheng et al.,
2014), signifying that their membrane association is weak. These
observations raise interesting questions about the physical nature
of the anchoring platform, and suggest that additional mechanisms may be required to attach anchoring proteins to the F-actin
meshwork or to stabilize them at the cortex.
Recent work has shown that the actin-binding proteins
ezrin/radixin/moesin (ERM) are probably the missing puzzle
pieces at the cell cortex mediating spindle orientation (Solinet
et al., 2013; Machicoane et al., 2014). ERMs help organize the
F-actin meshwork, bridging it to the cell membrane, and this
may be necessary for establishing and maintaining the Gi-LGNNuMA cortical platform. ERMs, when activated by Ste20-like
(SLK) kinase (Machicoane et al., 2014), adopt an open conformation that binds F-actin and the plasma membrane. An
N-terminal FERM domain, which binds PI(4,5)P2 directly (Fievet
et al., 2004; Roch et al., 2010; Roubinet et al., 2011), mediates
interaction with the membrane. Interestingly, the FERM domain
also binds to and stabilizes microtubules (Solinet et al., 2013),
possibly via interaction with CLASP family of +TIPs (RuizSaenz et al., 2013), which suggests that ERMs may function
as microtubule-tethering factors. However, evidence suggests
that they do more than just tethering microtubules. Depletion
of ERMs or inhibition of ERM activation leads to loss of cortical rigidity, mislocalization of LGN and NuMA, and abnormal
spindle rocking behavior (Carreno et al., 2008; Machicoane
et al., 2014). It is interesting to speculate that ERMs may be
required to increase membrane rigidity by pinning the F-actin
meshwork to the plasma membrane. As proposed (Zheng et al.,
2014), this rigidity may enable the cortical platform to counteract astral microtubule–mediated and dynein-generated pulling
forces on the cortical anchors. It is noteworthy that the budding
yeast version of the dynein cortical anchor, Num1, interacts
with the plasma membrane directly via a BAR-like domain
and a PH domain (Farkasovsky and Küntzel, 1995; Tang
et al., 2009, 2012; Klecker et al., 2013; Lackner et al., 2013).
In budding yeast, actin is dispensable for maintenance of the
Num1 cortical platform (Heil-Chapdelaine et al., 2000a) or to
support dynein-dependent spindle movements (Heil-Chapdelaine
et al., 2000b), as membrane rigidity is provided by turgor
pressure and the cell wall. During animal development, it is

Figure 2. Regulation of microtubule tethering by actin-dependent membrane
rigidity. ERM increases membrane rigidity to support Gi-LGN-NuMA–
dependent anchoring and pulling of astral microtubules by cytoplasmic dynein. Activated ERMs in an open conformation may link F-actin to the cell
membrane. Membrane association of the Gi-LGN-NuMA complex mediated by the lipid anchor on Gi and the PIP-binding domain on NuMA are
presumably weak. Stiffening of the membrane (indicated by straight phospholipid tails) or yet unidentified interactions with F-actin or ERMs may further
stabilize the Gi-LGN-NuMA platform to prevent anchorage detachment.

conceivable that stabilization of membrane rigidity, as exemplified by ERMs, may represent a general mechanism for modulating pulling forces on astral microtubules (Fig. 2). It is therefore
tempting to speculate whether the recently characterized human
cortical actin–associated protein, MISP, which has a role in astral
microtubule stability and spindle orientation (Zhu et al., 2013),
would orchestrate actin cytoskeleton communication with the
cell membrane and the astral microtubules in a similar manner.
Deciphering how actin-dependent membrane rigidity is controlled locally at specific regions of the cell cortex will surely
constitute a major challenge to unraveling the mechanisms governing spatial and temporal regulation of oriented cell division.
Septins: links between polymer assembly
and membrane function

An additional layer of membrane compartmentalization is provided by septins. Septins are a component of the cytoskeleton
that directly bind to membranes in order to polymerize and in
turn help organize cell membranes. Knowing how membranes
specify septin assemblies at a particular place and time is essential to understand the mechanistic role of septins in cytokinesis
and beyond.
Septins were first observed at the plasma membrane in
budding yeast (Byers and Goetsch, 1976; Rodal et al., 2005;
Ong et al., 2014). Early work found that human septins exhibit
a preference for PI(4,5)P2 and proposed that a conserved polybasic sequence in septins links them to phospholipids (Zhang
et al., 1999). More recently, recombinant budding yeast septins
were assembled on lipid monolayers containing high levels
(10–50%) of PI(4,5)P2 (Bertin et al., 2010). Interestingly, the
presence of the lipids could promote filament formation even
Cytoskeletal interactions at the membrane • Bezanilla et al.
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Figure 3. Septins assemble on and organize membranes. (A) Membrane
association of septin heteroligomers promotes assembly of septin filaments.
(B) Septins may play a role in promoting or sensing membrane curvature.
Posttranslational modifications (indicated by black stars) are implicated
in this function. (C) By providing a diffusion barrier, septins play a role in
compartmentalizing the membrane.

with septin proteins that were otherwise defective for polymerization, which suggests that membranes can facilitate filament
assembly. The first dynamic look at septin assembly with reconstituted septin proteins supported lipid bilayers with low
levels of PI(4,5)P2, and single-molecule total internal reflection
fluorescence (TIRF) imaging found that septin filaments elongate through diffusion in two dimensions and annealing (Bridges
et al., 2014). The notion that polymerization occurs at the membrane is supported by the finding that cytosolic pools of septins
in diverse fungi and mammals consist of minimal heteromeric
rods (or heteroligomers) but not filaments (Sellin et al., 2011;
Bridges et al., 2014). Thus, membranes are intimately involved
in septin filament formation (Fig. 3 A).
Septins are frequently found in areas where membranes
are highly curved, such as the mother-bud neck in yeast and the
bases of dendritic spines and primary cilia (Fares et al., 1995;
Xie et al., 2007; Hu et al., 2010). This raises the possibility that
septins sense and/or generate curvature, which is supported by
the finding that septin filaments can tubulate phospholipid liposomes in vitro (Tanaka-Takiguchi et al., 2009; Fig. 3 B). In vivo,
septins are recruited to curved blebs of membrane that are
pulled back toward the cell center, which suggests that there
may be a capacity for them to recognize specific curvatures
(Tanaka-Takiguchi et al., 2009; Gilden and Krummel, 2010).
Recent work has shown that septins can promote the formation
of curved and ordered bundles of F-actin at the highly curved
membranes of furrow canals during embryo cellularization,
which suggests that septins and actin may collaborate for curvature sensing (Mavrakis et al., 2014). In mycelia of filamentous
fungal systems, there are septin regulatory kinases that are only
required for straight septin filaments without impacting septins
that assemble at the curved surfaces, which suggests that posttranslational modifications could influence curvature preference
or sensing (DeMay et al., 2009; Fig. 3 B).


334

JCB • volume 209 • number 3 • 2015

Finally, there has been substantial interest in the role of
septins as diffusional barriers, and work from yeast to human
cilia has suggested the possibility that septins can functionally
compartmentalize membranes (Takizawa et al., 2000; Barral
et al., 2000; Hu et al., 2010; Fig. 3 C). Despite the first observations of a barrier function over a decade ago, the mechanism
by which septin compartmentalizes membranes has proven to
be highly elusive. The first clues as to a molecular basis for
the ER-based barrier have come from several recent studies.
Yeast genetics uncovered a link between sphingolipid domains
and septin-based ER barriers, and a second study identified a
role for one specific septin, Shs1, in these barriers (Chao et al.,
2014; Clay et al., 2014). Finally, a critical functional role for
septins in membrane compartmentalization came from a screen
looking at regulators of calcium influx in cultured mammalian
cells (Sharma et al., 2013). This study showed that septins
are required for establishing PIP2-rich microdomains at sites
of ER–plasma membrane contacts. These functional studies,
along with the development of reconstitution methods for probing the barrier properties in artificial lipid membranes, should
pave the way for understanding how septins influence membrane diffusion. But it is clear that a reciprocal relationship
between certain membrane domains and septins underlies their
organization and function.
Conclusions

As more mechanistic connections emerge between the membrane and the cytoskeleton, it is becoming clear that a new generation of tools is needed. In particular, being able to track the
dynamics and localization of specific lipid species, as well as
physical methods to measure membrane rigidity in living cells,
is critical. Additionally, most studies have been performed in
individual cells, but not in the context of developing tissues or
varied extracellular environments. Thus, how mechanical strains
on the membrane translate into cytoskeletal reorganization ultimately effecting cell physiology and development constitutes
the next generation of questions in cytoskeletal dynamics.
The authors thank the Marine Biological Laboratories for providing a collaborative research environment. The Marine Biological Laboratories also provided
research support in the form of competitive research fellowships (The Nikon
Award for summer investigation to M. Bezanilla; The Laura and Arthur Colwin
Endowed Summer Research Fellowship to W.-L. Lee).
This work was supported in part by the David and Lucille Packard Foundation (to M. Bezanilla), the National Science Foundation (MCB-1330171 to
M. Bezanilla; MCB-507511 to A.S. Gladfelter), and the National Institutes of
Health/National Institute of General Medical Sciences (GM076094 to
W.-L. Lee; GM079265 to D.R. Kovar).
The authors declare no competing financial interests.

Submitted: 17 February 2015
Accepted: 21 April 2015

References
Abu Shah, E., and K. Keren. 2014. Symmetry breaking in reconstituted actin
cortices. eLife. 3:e01433. http://dx.doi.org/10.7554/eLife.01433
Akhshi, T.K., D. Wernike, and A. Piekny. 2014. Microtubules and actin crosstalk in cell migration and division. Cytoskeleton (Hoboken). 71:1–23.
http://dx.doi.org/10.1002/cm.21150
Aspenström, P. 2009. Roles of F-BAR/PCH proteins in the regulation of
membrane dynamics and actin reorganization. Int. Rev. Cell Mol. Biol.
272:1–31. http://dx.doi.org/10.1016/S1937-6448(08)01601-8

Barral, Y., V. Mermall, M.S. Mooseker, and M. Snyder. 2000. Compartment
alization of the cell cortex by septins is required for maintenance
of cell polarity in yeast. Mol. Cell. 5:841–851. http://dx.doi.org/10.1016/
S1097-2765(00)80324-X
Basu, R., and F. Chang. 2007. Shaping the actin cytoskeleton using microtubule tips.
Curr. Opin. Cell Biol. 19:88–94. http://dx.doi.org/10.1016/j.ceb.2006.12.012
Bertin, A., M.A. McMurray, L. Thai, G. Garcia III, V. Votin, P. Grob, T. Allyn,
J. Thorner, and E. Nogales. 2010. Phosphatidylinositol-4,5-bisphosphate
promotes budding yeast septin filament assembly and organization.
J. Mol. Biol. 404:711–731. http://dx.doi.org/10.1016/j.jmb.2010.10.002
Blanchoin, L., R. Boujemaa-Paterski, C. Sykes, and J. Plastino. 2014. Actin
dynamics, architecture, and mechanics in cell motility. Physiol. Rev.
94:235–263. http://dx.doi.org/10.1152/physrev.00018.2013
Boettner, D.R., J.L. D’Agostino, O.T. Torres, K. Daugherty-Clarke, A. Uygur, A.
Reider, B. Wendland, S.K. Lemmon, and B.L. Goode. 2009. The F-BAR
protein Syp1 negatively regulates WASp-Arp2/3 complex activity during endocytic patch formation. Curr. Biol. 19:1979–1987. http://dx.doi
.org/10.1016/j.cub.2009.10.062
Bovellan, M., Y. Romeo, M. Biro, A. Boden, P. Chugh, A. Yonis, M. Vaghela,
M. Fritzsche, D. Moulding, R. Thorogate, et al. 2014. Cellular control
of cortical actin nucleation. Curr. Biol. 24:1628–1635. http://dx.doi
.org/10.1016/j.cub.2014.05.069
Bowman, S.K., R.A. Neumüller, M. Novatchkova, Q. Du, and J.A. Knoblich.
2006. The Drosophila NuMA Homolog Mud regulates spindle orientation in asymmetric cell division. Dev. Cell. 10:731–742. http://dx.doi
.org/10.1016/j.devcel.2006.05.005
Bridges, A.A., H. Zhang, S.B. Mehta, P. Occhipinti, T. Tani, and A.S. Gladfelter.
2014. Septin assemblies form by diffusion-driven annealing on membranes. Proc. Natl. Acad. Sci. USA. 111:2146–2151. http://dx.doi.org/
10.1073/pnas.1314138111
Byers, B., and L. Goetsch. 1976. A highly ordered ring of membrane-associated
filaments in budding yeast. J. Cell Biol. 69:717–721. http://dx.doi.org/
10.1083/jcb.69.3.717
Campellone, K.G., and M.D. Welch. 2010. A nucleator arms race: cellular
control of actin assembly. Nat. Rev. Mol. Cell Biol. 11:237–251. http://
dx.doi.org/10.1038/nrm2867
Carlsson, L., L.E. Nyström, I. Sundkvist, F. Markey, and U. Lindberg. 1977.
Actin polymerizability is influenced by profilin, a low molecular weight
protein in non-muscle cells. J. Mol. Biol. 115:465–483. http://dx.doi
.org/10.1016/0022-2836(77)90166-8
Carnahan, R.H., and K.L. Gould. 2003. The PCH family protein, Cdc15p, recruits two F-actin nucleation pathways to coordinate cytokinetic actin
ring formation in Schizosaccharomyces pombe. J. Cell Biol. 162:851–
862. http://dx.doi.org/10.1083/jcb.200305012
Carreno, S., I. Kouranti, E.S. Glusman, M.T. Fuller, A. Echard, and F. Payre.
2008. Moesin and its activating kinase Slik are required for cortical stability and microtubule organization in mitotic cells. J. Cell Biol. 180:739–
746. http://dx.doi.org/10.1083/jcb.200709161
Castanon, I., L. Abrami, L. Holtzer, C.P. Heisenberg, F.G. van der Goot, and M.
González-Gaitán. 2013. Anthrax toxin receptor 2a controls mitotic spindle
positioning. Nat. Cell Biol. 15:28–39. http://dx.doi.org/10.1038/ncb2632
Chang, F., D. Drubin, and P. Nurse. 1997. cdc12p, a protein required for cytokinesis in fission yeast, is a component of the cell division ring and
interacts with profilin. J. Cell Biol. 137:169–182. http://dx.doi.org/10
.1083/jcb.137.1.169
Chao, J.T., A.K.O. Wong, S. Tavassoli, B.P. Young, A. Chruscicki, N.N. Fang,
L.J. Howe, T. Mayor, L.J. Foster, and C.J.R. Loewen. 2014. Polarization
of the endoplasmic reticulum by ER-septin tethering. Cell. 158:620–632.
http://dx.doi.org/10.1016/j.cell.2014.06.033
Chen, B., K. Brinkmann, Z. Chen, C.W. Pak, Y. Liao, S. Shi, L. Henry, N.V.
Grishin, S. Bogdan, and M.K. Rosen. 2014. The WAVE regulatory complex links diverse receptors to the actin cytoskeleton. Cell. 156:195–207.
http://dx.doi.org/10.1016/j.cell.2013.11.048
Chesarone, M.A., and B.L. Goode. 2009. Actin nucleation and elongation factors: mechanisms and interplay. Curr. Opin. Cell Biol. 21:28–37. http://
dx.doi.org/10.1016/j.ceb.2008.12.001
Chhabra, E.S., and H.N. Higgs. 2007. The many faces of actin: matching assembly factors with cellular structures. Nat. Cell Biol. 9:1110–1121. http://
dx.doi.org/10.1038/ncb1007-1110
Clay, L., F. Caudron, A. Denoth-Lippuner, B. Boettcher, S. Buvelot Frei, E.L.
Snapp, and Y. Barral. 2014. A sphingolipid-dependent diffusion barrier
confines ER stress to the yeast mother cell. eLife. 3:e01883. http://dx.doi
.org/10.7554/eLife.01883
Coquelle, F.M., M. Caspi, F.P. Cordelières, J.P. Dompierre, D.L. Dujardin,
C. Koifman, P. Martin, C.C. Hoogenraad, A. Akhmanova, N. Galjart,
et al. 2002. LIS1, CLIP-170’s key to the dynein/dynactin pathway. Mol.
Cell. Biol. 22:3089–3102. http://dx.doi.org/10.1128/MCB.22.9.30893102.2002

Couwenbergs, C., J.-C. Labbé, M. Goulding, T. Marty, B. Bowerman, and M.
Gotta. 2007. Heterotrimeric G protein signaling functions with dynein
to promote spindle positioning in C. elegans. J. Cell Biol. 179:15–22.
http://dx.doi.org/10.1083/jcb.200707085
Cvrčková, F. 2013. Formins and membranes: anchoring cortical actin to the
cell wall and beyond. Front. Plant Sci. 4:436. http://dx.doi.org/10.3389/
fpls.2013.00436
DeMay, B.S., R.A. Meseroll, P. Occhipinti, and A.S. Gladfelter. 2009. Regulation
of distinct septin rings in a single cell by Elm1p and Gin4p kinases. Mol.
Biol. Cell. 20:2311–2326. http://dx.doi.org/10.1091/mbc.E08-12-1169
Dharmalingam, E., A. Haeckel, R. Pinyol, L. Schwintzer, D. Koch, M.M.
Kessels, and B. Qualmann. 2009. F-BAR proteins of the syndapin
family shape the plasma membrane and are crucial for neuromorphogenesis. J. Neurosci. 29:13315–13327. http://dx.doi.org/10.1523/
JNEUROSCI.3973-09.2009
Ding, Z., and P. Roy. 2013. Profilin-1 versus profilin-2: two faces of the same
coin? Breast Cancer Res. 15:311. http://dx.doi.org/10.1186/bcr3433
Dominguez, R. 2009. Actin filament nucleation and elongation factors—structure-function relationships. Crit. Rev. Biochem. Mol. Biol. 44:351–366.
http://dx.doi.org/10.3109/10409230903277340
Du, Q., and I.G. Macara. 2004. Mammalian Pins is a conformational switch
that links NuMA to heterotrimeric G proteins. Cell. 119:503–516. http://
dx.doi.org/10.1016/j.cell.2004.10.028
Fares, H., M. Peifer, and J.R. Pringle. 1995. Localization and possible functions of Drosophila septins. Mol. Biol. Cell. 6:1843–1859. http://dx.doi
.org/10.1091/mbc.6.12.1843
Farkasovsky, M., and H. Küntzel. 1995. Yeast Num1p associates with the mother
cell cortex during S/G2 phase and affects microtubular functions. J. Cell
Biol. 131:1003–1014. http://dx.doi.org/10.1083/jcb.131.4.1003
Feliciano, D., and S.M. Di Pietro. 2012. SLAC, a complex between Sla1 and
Las17, regulates actin polymerization during clathrin-mediated endocytosis. Mol. Biol. Cell. 23:4256–4272. http://dx.doi.org/10.1091/mbc
.E11-12-1022
Ferron, F., G. Rebowski, S.H. Lee, and R. Dominguez. 2007. Structural basis
for the recruitment of profilin-actin complexes during filament elongation by Ena/VASP. EMBO J. 26:4597–4606. http://dx.doi.org/10.1038/sj
.emboj.7601874
Fievet, B.T., A. Gautreau, C. Roy, L. Del Maestro, P. Mangeat, D. Louvard,
and M. Arpin. 2004. Phosphoinositide binding and phosphorylation act
sequentially in the activation mechanism of ezrin. J. Cell Biol. 164:653–
659. http://dx.doi.org/10.1083/jcb.200307032
Fink, J., N. Carpi, T. Betz, A. Bétard, M. Chebah, A. Azioune, M. Bornens, C.
Sykes, L. Fetler, D. Cuvelier, and M. Piel. 2011. External forces control mitotic spindle positioning. Nat. Cell Biol. 13:771–778. http://dx.doi
.org/10.1038/ncb2269
Gilden, J., and M.F. Krummel. 2010. Control of cortical rigidity by the cytoskeleton: emerging roles for septins. Cytoskeleton (Hoboken). 67:477–486.
Goldschmidt-Clermont, P.J., J.W. Kim, L.M. Machesky, S.G. Rhee, and T.D.
Pollard. 1991. Regulation of phospholipase C-gamma 1 by profilin and tyrosine phosphorylation. Science. 251:1231–1233. http://dx.doi.org/10.1126/
science.1848725
Graziano, B.R., H.Y.E. Yu, S.L. Alioto, J.A. Eskin, C.A. Ydenberg, D.P. Waterman,
M. Garabedian, and B.L. Goode. 2014. The F-BAR protein Hof1 tunes formin activity to sculpt actin cables during polarized growth. Mol. Biol. Cell.
25:1730–1743. http://dx.doi.org/10.1091/mbc.E14-03-0850
Guo, M., A.J. Ehrlicher, S. Mahammad, H. Fabich, M.H. Jensen, J.R. Moore,
J.J. Fredberg, R.D. Goldman, and D.A. Weitz. 2013. The role of vimentin
intermediate filaments in cortical and cytoplasmic mechanics. Biophys.
J. 105:1562–1568. http://dx.doi.org/10.1016/j.bpj.2013.08.037
Heil-Chapdelaine, R.A., J.R. Oberle, and J.A. Cooper. 2000a. The cortical
protein Num1p is essential for dynein-dependent interactions of microtubules with the cortex. J. Cell Biol. 151:1337–1344. http://dx.doi
.org/10.1083/jcb.151.6.1337
Heil-Chapdelaine, R.A., N.K. Tran, and J.A. Cooper. 2000b. Dynein-dependent
movements of the mitotic spindle in Saccharomyces cerevisiae do not
require filamentous actin. Mol. Biol. Cell. 11:863–872. http://dx.doi.org/
10.1091/mbc.11.3.863
Henne, W.M., E. Boucrot, M. Meinecke, E. Evergren, Y. Vallis, R. Mittal, and
H.T. McMahon. 2010. FCHo proteins are nucleators of clathrin-mediated
endocytosis. Science. 328:1281–1284. http://dx.doi.org/10.1126/science
.1188462
Hu, Q., L. Milenkovic, H. Jin, M.P. Scott, M.V. Nachury, E.T. Spiliotis, and W.J.
Nelson. 2010. A septin diffusion barrier at the base of the primary cilium
maintains ciliary membrane protein distribution. Science. 329:436–439.
http://dx.doi.org/10.1126/science.1191054
Itoh, T., K.S. Erdmann, A. Roux, B. Habermann, H. Werner, and P. De Camilli.
2005. Dynamin and the actin cytoskeleton cooperatively regulate plasma

Cytoskeletal interactions at the membrane • Bezanilla et al.

335

membrane invagination by BAR and F-BAR proteins. Dev. Cell. 9:791–
804. http://dx.doi.org/10.1016/j.devcel.2005.11.005
Jockusch, B.M., K. Murk, and M. Rothkegel. 2007. The profile of profilins. Rev.
Physiol. Biochem. Pharmacol. 159:131–149.
Kamioka, Y., S. Fukuhara, H. Sawa, K. Nagashima, M. Masuda, M. Matsuda,
and N. Mochizuki. 2004. A novel dynamin-associating molecule, forminbinding protein 17, induces tubular membrane invaginations and participates in endocytosis. J. Biol. Chem. 279:40091–40099. http://dx.doi
.org/10.1074/jbc.M404899200
Kiyomitsu, T., and I.M. Cheeseman. 2012. Chromosome- and spindle-polederived signals generate an intrinsic code for spindle position and orientation. Nat. Cell Biol. 14:311–317. http://dx.doi.org/10.1038/ncb2440
Klecker, T., D. Scholz, J. Förtsch, and B. Westermann. 2013. The yeast cell cortical
protein Num1 integrates mitochondrial dynamics into cellular architecture. J. Cell Sci. 126:2924–2930. http://dx.doi.org/10.1242/jcs.126045
Kovar, D.R., E.S. Harris, R. Mahaffy, H.N. Higgs, and T.D. Pollard. 2006.
Control of the assembly of ATP- and ADP-actin by formins and profilin.
Cell. 124:423–435. http://dx.doi.org/10.1016/j.cell.2005.11.038
Kunda, P., A.E. Pelling, T. Liu, and B. Baum. 2008. Moesin controls cortical
rigidity, cell rounding, and spindle morphogenesis during mitosis. Curr.
Biol. 18:91–101. http://dx.doi.org/10.1016/j.cub.2007.12.051
Lackner, L.L., H. Ping, M. Graef, A. Murley, and J. Nunnari. 2013. Endoplasmic
reticulum-associated mitochondria-cortex tether functions in the distribution and inheritance of mitochondria. Proc. Natl. Acad. Sci. USA.
110:E458–E467. http://dx.doi.org/10.1073/pnas.1215232110
Lambrechts, A., V. Jonckheere, D. Dewitte, J. Vandekerckhove, and C. Ampe.
2002. Mutational analysis of human profilin I reveals a second PI(4,5)-P2
binding site neighbouring the poly(L-proline) binding site. BMC Biochem.
3:12. http://dx.doi.org/10.1186/1471-2091-3-12
Lassing, I., and U. Lindberg. 1985. Specific interaction between phosphatidylinositol 4,5-bisphosphate and profilactin. Nature. 314:472–474. http://
dx.doi.org/10.1038/314472a0
Lassing, I., and U. Lindberg. 1988. Specificity of the interaction between phosphatidylinositol 4,5-bisphosphate and the profilin:actin complex. J. Cell.
Biochem. 37:255–267. http://dx.doi.org/10.1002/jcb.240370302
Lu, P.J., W.R. Shieh, S.G. Rhee, H.L. Yin, and C.S. Chen. 1996. Lipid products of phosphoinositide 3-kinase bind human profilin with high affinity.
Biochemistry. 35:14027–14034. http://dx.doi.org/10.1021/bi961878z
Luxenburg, C., H.A. Pasolli, S.E. Williams, and E. Fuchs. 2011. Developmental
roles for Srf, cortical cytoskeleton and cell shape in epidermal spindle orientation. Nat. Cell Biol. 13:203–214. http://dx.doi.org/10.1038/ncb2163
Machicoane, M., C.A. de Frutos, J. Fink, M. Rocancourt, Y. Lombardi, S.
Garel, M. Piel, and A. Echard. 2014. SLK-dependent activation of ERMs
controls LGN-NuMA localization and spindle orientation. J. Cell Biol.
205:791–799.
Maiti, S., A. Michelot, C. Gould, L. Blanchoin, O. Sokolova, and B.L. Goode.
2012. Structure and activity of full-length formin mDia1. Cytoskeleton
(Hoboken). 69:393–405. http://dx.doi.org/10.1002/cm.21033
Mason, F.M., E.G. Heimsath, H.N. Higgs, and S.H. Soderling. 2011. Bi-modal
regulation of a formin by srGAP2. J. Biol. Chem. 286:6577–6586. http://
dx.doi.org/10.1074/jbc.M110.190397
Mavrakis, M., Y. Azou-Gros, F.-C. Tsai, J. Alvarado, A. Bertin, F. Iv, A. Kress,
S. Brasselet, G.H. Koenderink, and T. Lecuit. 2014. Septins promote
F-actin ring formation by crosslinking actin filaments into curved bundles.
Nat. Cell Biol. 16:322–334. http://dx.doi.org/10.1038/ncb2921
Moens, P.D.J., and L.A. Bagatolli. 2007. Profilin binding to sub-micellar concentrations of phosphatidylinositol (4,5) bisphosphate and phosphatidylinositol (3,4,5) trisphosphate. Biochim. Biophys. Acta. 1768:439–449.
http://dx.doi.org/10.1016/j.bbamem.2006.12.012
Mouneimne, G., S.D. Hansen, L.M. Selfors, L. Petrak, M.M. Hickey, L.L.
Gallegos, K.J. Simpson, J. Lim, F.B. Gertler, J.H. Hartwig, et al. 2012.
Differential remodeling of actin cytoskeleton architecture by profilin isoforms leads to distinct effects on cell migration and invasion. Cancer
Cell. 22:615–630. http://dx.doi.org/10.1016/j.ccr.2012.09.027
Neidt, E.M., B.J. Scott, and D.R. Kovar. 2009. Formin differentially utilizes
profilin isoforms to rapidly assemble actin filaments. J. Biol. Chem.
284:673–684. http://dx.doi.org/10.1074/jbc.M804201200
Nguyen-Ngoc, T., K. Afshar, and P. Gönczy. 2007. Coupling of cortical dynein
and G  proteins mediates spindle positioning in Caenorhabditis elegans.
Nat. Cell Biol. 9:1294–1302. http://dx.doi.org/10.1038/ncb1649
Nkosi, P.J., B.-S. Targosz, K. Labib, and A. Sanchez-Diaz. 2013. Hof1 and
Rvs167 have redundant roles in actomyosin ring function during cytokinesis in budding yeast. PLoS ONE. 8:e57846. http://dx.doi.org/10.1371/
journal.pone.0057846
O’Connell, C.B., and Y.L. Wang. 2000. Mammalian spindle orientation and position respond to changes in cell shape in a dynein-dependent fashion. Mol.
Biol. Cell. 11:1765–1774. http://dx.doi.org/10.1091/mbc.11.5.1765


336

JCB • volume 209 • number 3 • 2015

Ong, K., C. Wloka, S. Okada, T. Svitkina, and E. Bi. 2014. Architecture and
dynamic remodelling of the septin cytoskeleton during the cell cycle. Nat.
Commun. 5:5698. http://dx.doi.org/10.1038/ncomms6698
Pollard, T.D., and J.A. Cooper. 2009. Actin, a central player in cell shape and movement. Science. 326:1208–1212. http://dx.doi.org/10.1126/science.1175862
Pollard, T.D., L. Blanchoin, and R.D. Mullins. 2000. Molecular mechanisms con
trolling actin filament dynamics in nonmuscle cells. Annu. Rev. Biophys.
Biomol. Struct. 29:545–576. http://dx.doi.org/10.1146/annurev.biophys
.29.1.545
Reilein, A., and W.J. Nelson. 2005. APC is a component of an organizing template for cortical microtubule networks. Nat. Cell Biol. 7:463–473. http://
dx.doi.org/10.1038/ncb1248
Ren, G., P. Vajjhala, J.S. Lee, B. Winsor, and A.L. Munn. 2006. The BAR
domain proteins: molding membranes in fission, fusion, and phagy.
Microbiol. Mol. Biol. Rev. 70:37–120. http://dx.doi.org/10.1128/MMBR
.70.1.37-120.2006
Ren, L., A.H. Willet, R.H. Roberts-Galbraith, N.A. McDonald, A. Feoktistova,
J.-S. Chen, H. Huang, R. Guillen, C. Boone, S.S. Sidhu, et al. 2015. The
Cdc15 and Imp2 SH3 domains cooperatively scaffold a network of proteins that redundantly ensure efficient cell division in fission yeast. Mol.
Biol. Cell. 26:256–269. http://dx.doi.org/10.1091/mbc.E14-10-1451
Roberts-Galbraith, R.H., and K.L. Gould. 2010. Setting the F-BAR: functions
and regulation of the F-BAR protein family. Cell Cycle. 9:4091–4097.
http://dx.doi.org/10.4161/cc.9.20.13587
Roch, F., C. Polesello, C. Roubinet, M. Martin, C. Roy, P. Valenti, S. Carreno,
P. Mangeat, and F. Payre. 2010. Differential roles of PtdIns(4,5)P2 and
phosphorylation in moesin activation during Drosophila development.
J. Cell Sci. 123:2058–2067. http://dx.doi.org/10.1242/jcs.064550
Rodal, A.A., A.L. Manning, B.L. Goode, and D.G. Drubin. 2003. Negative regulation of yeast WASp by two SH3 domain-containing proteins. Curr. Biol.
13:1000–1008. http://dx.doi.org/10.1016/S0960-9822(03)00383-X
Rodal, A.A., L. Kozubowski, B.L. Goode, D.G. Drubin, and J.H. Hartwig. 2005.
Actin and septin ultrastructures at the budding yeast cell cortex. Mol.
Biol. Cell. 16:372–384. http://dx.doi.org/10.1091/mbc.E04-08-0734
Rogers, S.L., G.C. Rogers, D.J. Sharp, and R.D. Vale. 2002. Drosophila EB1 is
important for proper assembly, dynamics, and positioning of the mitotic
spindle. J. Cell Biol. 158:873–884. http://dx.doi.org/10.1083/jcb.200202032
Romero, S., C. Le Clainche, D. Didry, C. Egile, D. Pantaloni, and M.F. Carlier.
2004. Formin is a processive motor that requires profilin to accelerate
actin assembly and associated ATP hydrolysis. Cell. 119:419–429. http://
dx.doi.org/10.1016/j.cell.2004.09.039
Rotty, J.D., C. Wu, E.M. Haynes, C. Suarez, J.D. Winkelman, H.E. Johnson, J.M.
Haugh, D.R. Kovar, and J.E. Bear. 2015. Profilin-1 serves as a gatekeeper
for actin assembly by Arp2/3-dependent and -independent pathways.
Dev. Cell. 32:54–67. http://dx.doi.org/10.1016/j.devcel.2014.10.026
Roubinet, C., B. Decelle, G. Chicanne, J.F. Dorn, B. Payrastre, F. Payre, and S.
Carreno. 2011. Molecular networks linked by Moesin drive remodeling
of the cell cortex during mitosis. J. Cell Biol. 195:99–112. http://dx.doi
.org/10.1083/jcb.201106048
Ruiz-Saenz, A., J. van Haren, C. Laura Sayas, L. Rangel, J. Demmers, J. Millán,
M.A. Alonso, N. Galjart, and I. Correas. 2013. Protein 4.1R binds to
CLASP2 and regulates dynamics, organization and attachment of microtubules to the cell cortex. J. Cell Sci. 126:4589–4601. http://dx.doi
.org/10.1242/jcs.120840
Saarikangas, J., H. Zhao, and P. Lappalainen. 2010. Regulation of the actin
cytoskeleton-plasma membrane interplay by phosphoinositides. Physiol.
Rev. 90:259–289. http://dx.doi.org/10.1152/physrev.00036.2009
Sellin, M.E., L. Sandblad, S. Stenmark, and M. Gullberg. 2011. Deciphering the
rules governing assembly order of mammalian septin complexes. Mol.
Biol. Cell. 22:3152–3164. http://dx.doi.org/10.1091/mbc.E11-03-0253
Seth, A., C. Otomo, and M.K. Rosen. 2006. Autoinhibition regulates cellular
localization and actin assembly activity of the diaphanous-related formins
FRL and mDia1. J. Cell Biol. 174:701–713. http://dx.doi.org/10.1083/
jcb.200605006
Sharma, S., A. Quintana, G.M. Findlay, M. Mettlen, B. Baust, M. Jain, R.
Nilsson, A. Rao, and P.G. Hogan. 2013. An siRNA screen for NFAT
activation identifies septins as coordinators of store-operated Ca2+ entry.
Nature. 499:238–242. http://dx.doi.org/10.1038/nature12229
Siller, K.H., and C.Q. Doe. 2008. Lis1/dynactin regulates metaphase spindle
orientation in Drosophila neuroblasts. Dev. Biol. 319:1–9. http://dx.doi
.org/10.1016/j.ydbio.2008.03.018
Siller, K.H., C. Cabernard, and C.Q. Doe. 2006. The NuMA-related Mud protein
binds Pins and regulates spindle orientation in Drosophila neuroblasts.
Nat. Cell Biol. 8:594–600. http://dx.doi.org/10.1038/ncb1412
Solinet, S., K. Mahmud, S.F. Stewman, K. Ben El Kadhi, B. Decelle, L. Talje, A.
Ma, B.H. Kwok, and S. Carreno. 2013. The actin-binding ERM protein
Moesin binds to and stabilizes microtubules at the cell cortex. J. Cell
Biol. 202:251–260.

Stewart, M.P., J. Helenius, Y. Toyoda, S.P. Ramanathan, D.J. Muller, and
A.A. Hyman. 2011. Hydrostatic pressure and the actomyosin cortex drive
mitotic cell rounding. Nature. 469:226–230. http://dx.doi.org/10.1038/
nature09642
Suarez, C., R.T. Carroll, T.A. Burke, J.R. Christensen, A.J. Bestul, J.A. Sees,
M.L. James, V. Sirotkin, and D.R. Kovar. 2015. Profilin regulates F-actin
network homeostasis by favoring formin over Arp2/3 complex. Dev.
Cell. 32:43–53. http://dx.doi.org/10.1016/j.devcel.2014.10.027
Suetsugu, S., K. Toyooka, and Y. Senju. 2010. Subcellular membrane curvature mediated by the BAR domain superfamily proteins. Semin. Cell Dev.
Biol. 21:340–349. http://dx.doi.org/10.1016/j.semcdb.2009.12.002
Suetsugu, S., S. Kurisu, and T. Takenawa. 2014. Dynamic shaping of cellular
membranes by phospholipids and membrane-deforming proteins. Physiol.
Rev. 94:1219–1248. http://dx.doi.org/10.1152/physrev.00040.2013
Sun, Y., A.C. Martin, and D.G. Drubin. 2006. Endocytic internalization in budding yeast requires coordinated actin nucleation and myosin motor activ
ity. Dev. Cell. 11:33–46. http://dx.doi.org/10.1016/j.devcel.2006.05.008
Takano, K., K. Toyooka, and S. Suetsugu. 2008. EFC/F-BAR proteins and
the N-WASP-WIP complex induce membrane curvature-dependent actin
polymerization. EMBO J. 27:2817–2828. (published erratum appears in
EMBO J. 2008. 27:3332) http://dx.doi.org/10.1038/emboj.2008.216
Takizawa, P.A., J.L. DeRisi, J.E. Wilhelm, and R.D. Vale. 2000. Plasma membrane compartmentalization in yeast by messenger RNA transport and a
septin diffusion barrier. Science. 290:341–344. http://dx.doi.org/10.1126/
science.290.5490.341
Tanaka-Takiguchi, Y., M. Kinoshita, and K. Takiguchi. 2009. Septin-mediated
uniform bracing of phospholipid membranes. Curr. Biol. 19:140–145.
http://dx.doi.org/10.1016/j.cub.2008.12.030
Tang, X., J.J. Punch, and W.L. Lee. 2009. A CAAX motif can compensate for
the PH domain of Num1 for cortical dynein attachment. Cell Cycle.
8:3182–3190. http://dx.doi.org/10.4161/cc.8.19.9731
Tang, X., B.S. Germain, and W.-L. Lee. 2012. A novel patch assembly domain
in Num1 mediates dynein anchoring at the cortex during spindle positioning. J. Cell Biol. 196:743–756. http://dx.doi.org/10.1083/jcb.201112017
Théry, M., V. Racine, A. Pépin, M. Piel, Y. Chen, J.B. Sibarita, and M. Bornens.
2005. The extracellular matrix guides the orientation of the cell division
axis. Nat. Cell Biol. 7:947–953. http://dx.doi.org/10.1038/ncb1307
Toyoshima, F., and E. Nishida. 2007. Integrin-mediated adhesion orients the spindle
parallel to the substratum in an EB1- and myosin X-dependent manner.
EMBO J. 26:1487–1498. http://dx.doi.org/10.1038/sj.emboj.7601599
Tsujita, K., S. Suetsugu, N. Sasaki, M. Furutani, T. Oikawa, and T. Takenawa.
2006. Coordination between the actin cytoskeleton and membrane deformation by a novel membrane tubulation domain of PCH proteins is
involved in endocytosis. J. Cell Biol. 172:269–279. http://dx.doi.org/10
.1083/jcb.200508091
van Gisbergen, P.A.C., M. Li, S.-Z. Wu, and M. Bezanilla. 2012. Class II
formin targeting to the cell cortex by binding PI(3,5)P2 is essential for
polarized growth. J. Cell Biol. 198:235–250. http://dx.doi.org/10.1083/
jcb.201112085
Vidali, L., P.A.C. van Gisbergen, C. Guérin, P. Franco, M. Li, G.M. Burkart,
R.C. Augustine, L. Blanchoin, and M. Bezanilla. 2009. Rapid forminmediated actin-filament elongation is essential for polarized plant cell
growth. Proc. Natl. Acad. Sci. USA. 106:13341–13346. http://dx.doi.org/
10.1073/pnas.0901170106
Wu, M., B. Huang, M. Graham, A. Raimondi, J.E. Heuser, X. Zhuang, and P. De
Camilli. 2010. Coupling between clathrin-dependent endocytic budding
and F-BAR-dependent tubulation in a cell-free system. Nat. Cell Biol.
12:902–908. http://dx.doi.org/10.1038/ncb2094
Xie, Y., J.P. Vessey, A. Konecna, R. Dahm, P. Macchi, and M.A. Kiebler. 2007.
The GTP-binding protein Septin 7 is critical for dendrite branching and
dendritic-spine morphology. Curr. Biol. 17:1746–1751. http://dx.doi.org/
10.1016/j.cub.2007.08.042
Yan, S., Z. Lv, M. Winterhoff, C. Wenzl, T. Zobel, J. Faix, S. Bogdan, and J.
Grosshans. 2013. The F-BAR protein Cip4/Toca-1 antagonizes the formin Diaphanous in membrane stabilization and compartmentalization.
J. Cell Sci. 126:1796–1805. http://dx.doi.org/10.1242/jcs.118422
Zhang, J., C. Kong, H. Xie, P.S. McPherson, S. Grinstein, and W.S. Trimble.
1999. Phosphatidylinositol polyphosphate binding to the mammalian
septin H5 is modulated by GTP. Curr. Biol. 9:1458–1467. http://dx.doi
.org/10.1016/S0960-9822(00)80115-3
Zheng, Z., Q. Wan, G. Meixiong, and Q. Du. 2014. Cell cycle-regulated membrane binding of NuMA contributes to efficient anaphase chromosome
separation. Mol. Biol. Cell. 25:606–619. http://dx.doi.org/10.1091/mbc
.E13-08-0474
Zhu, M., F. Settele, S. Kotak, L. Sanchez-Pulido, L. Ehret, C.P. Ponting, P.
Gönczy, and I. Hoffmann. 2013. MISP is a novel Plk1 substrate required
for proper spindle orientation and mitotic progression. J. Cell Biol. 200:
773–787. http://dx.doi.org/10.1083/jcb.201207050

Cytoskeletal interactions at the membrane • Bezanilla et al.

337

